toruloides Y4. Less than half of this amount, ~20 % composes palmitic acid (C16:0, 8 5 saturated). Stearic (C18:0) and linoleic (C18:2 n-6) acid can each reach up to 10% of total FA 8 6 (11, 18, 20) . A number of R. toruloides strains have been subjected to genome sequencing 8 7 (21-25), genetic engineering protocols are established (26) (27) (28) (29) (30) and the yeast is recognized as a 8 8 novel platform organism for production of oleochemicals (31, 32) . A number of cultivation 8 9 conditions of R. toruloides have therefore been examined, e.g. growth on mixed substrates 9 0 (33) or different cultivation modes on lignocellulosic substrates (34, 35) and lipid production 9 1 at sulfate (36) or phosphate-limitation (37). Improved genetically modified strains of R. 9 2 toruloides for conversion of biomass have been generated (38). 9 3 The molecular physiology of R. toruloides during lipid production from different sugar 9 4 substrates have been investigated using both proteomics (39, 40) and transcriptomics (25, 41, 9 5 42) approaches. Meanwhile, the molecular physiology during conversion of xylose into lipids 9 6 in R. toruloides and in oleaginous yeasts in general has been poorly investigated. Xylose 9 7 assimilation involves the enzymes NAD(P)H-dependent xylose reductase (XR) and NADH-9 8 dependent xylitol dehydrogenase (XDH). XR reduces xylose to xylitol, which is then 9 9 oxidized by XDH to xylulose. Xylulose is subsequently phosphorylated by xylulose kinase 1 0 0 before entering the pentose phosphate pathway (PPP). R. toruloides also possesses the 1 0 1 enzyme phosphoketolase, which cleaves xylulose-5-phosphate to acetyl phosphate and 1 0 2 glyceraldehyde-3-phosphate (43). Unlike glucose assimilation, xylose assimilation requires 1 0 3 NADPH due to the initial reduction of xylose into xylitol by XR. The cellular NADPH pool 1 0 4 can be replenished by a number of pathways including PPP, the malic enzyme (ME) 1 0 5 transhydrogenase cycle or the cytoplasmatic NADP + -dependent isocitrate dehydrogenase. 1 0 6 While xylose utilization by oleaginous yeasts is poorly understood, a number of studies have 1 0 7 investigated xylose metabolism in ethanol-producing yeasts: e.g. in engineered 1 0 8 Saccharomyces cerevisiae (44), Schefferomyces stipitis (45), and Ogataea polymorpha (46). 1 0 9 These studies reported that the carbon source affected levels of proteins involved in e.g. 1 1 0 glucose repression, sugar transport, gluconeogenesis and amino acid catabolism. In the 1 1 1 current study, comparative whole-proteome analysis was employed to study lipid formation 1 1 2 in R. toruloides cultivated on either glucose or xylose as sole carbon source under conditions 1 1 3 of nitrogen limitation. phosphoglycerate mutase during growth on xylose, no significant differences were observed 2 8 9 in the levels of enzymes involved in glycolysis, PPP and phosphoketolase metabolic routes 2 9 0 (Additional file 8, Fig. 4 ). From these data it was therefore not possible to infer whether 2 9 1 xylulose-5-phosphate is metabolized via phosphoketolase or the non-oxidative steps of PPP 2 9 2 and further glycolysis. 2 9 3 Oleaginous yeasts under nitrogen limitation are known to transfer citrate from the 2 9 4 mitochondrion into the cytoplasm thereby reducing the flow of metabolites through the TCA 2 9 5 cycle. In contrast to previous work (25) where higher C/N ratios were used, only aconitate 2 9 6 hydrotase and succinate dehydrogenase showed moderate decreased levels during lipid 2 9 7 accumulation in the present study. decrease in the levels of leucine biosynthetic enzymes was observed in both xylose-and 3 7 4 glycose grown cells upon the initiation of the lipid production phase (Additional file 8), while 3 7 5 the downregulation of enzymes involved in the biosynthesis of proline (proline synthetase 3 7 6 associated protein Rhto_04810) and leucine (branched-chain-amino-acid aminotransferase 3 7 7 Rhto_05760 and Rhto_08045, acetolactate synthase Rhto_03298 and acetolactate synthase 3 7 8 small subunit Rhto_03988) was detected in xylose-as compared to glucose-grown cells at the 3 7 9 exponential phase. This might be related to the decrease of protein biosynthesis in xylose-
The downregulation of enzymes involved in the synthesis of leucine (3-isopropylmalate 3 8 2 dehydratase Rhto_07040, branched-chain-amino-acid aminotransferase Rhto_05760, 3 8 3 acetolactate synthase Rhto_03298, ketol-acid reductoisomerase Rhto_04566) and the 3 8 4 interconversion of methionine and cysteine (cystathionine beta-lyase Rhto_02122) was 3 8 5 observed during lipid production in glucose-grown R. toruloides cells compared to earlier 3 8 6 growth phase. Lipid accumulation in Y. lipolytica has previously been shown to be 3 8 7 accompanied by downregulation of leucine biosynthesis (69). 3 8 8 Oxidative stress response. Levels of proteins involved in glutathione metabolism increased 3 8 9 in R. toruloides cells cultivated on xylose but also during lipid production, possibly as a 3 9 0 response to oxidative stress induced under these conditions. Levels of lactoylglutathione 3 9 1 lyase (Rhto_06289), glutathione peroxidase (Rhto_00225), glutathione S-transferases 3 9 2 (Rhto_03923, Rhto_00450) and NAD(P)H-dependent S-(hydroxymethyl) glutathione 3 9 3 dehydrogenase (Rhto_03559) increased during exponential phase in xylose-grown cells 3 9 4 compared to glucose-grown cells (Additional file 8). Levels of lactoylglutathione lyase 3 9 5 (Rhto_06289), glutathione S-transferases (Rhto_00450, Rhto_03923) and glutathione 3 9 6 peroxidase (Rhto_00225) also increased during the lipid production phase in xylose-grown 3 9 7 cells relative to exponential growth phase. The levels of glutathione peroxidase (Rhto_00225) 3 9 8 and glutathione S-transferase (Rhto_03923) also increased during the lipid accumulation 3 9 9 phase in glucose-grown R. toruloides cells. Formate dehydrogenase (Rhto_06042) was 4 0 0 detected among top upregulated enzymes during cultivation in xylose-based medium. showed that disruption of peroxisome biogenesis in R. toruloides had the opposite effect, 4 5 8 namely a decreased lipid production in glucose medium (75). 4 5 9 There were indications of that sugar transport is the underlying reason for the observed 4 6 0 differences in physiology between glucose-and xylose-grown R. toruloides cells. A number 4 6 1 of candidate glucose-and xylose-specific transporters were identified from the R. toruloides 4 6 2 proteome datasets. As assimilation on xylose required strongly increased levels of some 4 6 3 transport proteins, while only a reduced growth rate could be obtained, it is suggested that the 4 6 4 xylose transporters are less efficient than those responsible for glucose transport. It is possible 4 6 5 that the applied protein extraction methods have a bias against membrane proteins; however, 4 6 6 improving xylose transport could be a valuable strategy for further optimization of R. Analysis of metabolic routes that can be used by R. toruloides to assimilate sugars did not 4 7 9 elucidate a dominant pathway. As the main catabolic flux of glucose is funneled through 4 8 0 glycolysis, this results in a lower flux through xylulose-5-P compared to catabolism of 4 8 1 xylose. From this reduced availability of xylulose-5-P one might expect a downregulation of 4 8 2 phosphoketolase during growth on glucose, however, its protein level showed no significant 4 8 3 change as response to the carbon source. One possibility is that once cells pre-cultured on 4 8 4 glucose were transferred to xylose medium, the xylose flux into cells was low enough that 4 8 5 PPP enzymes levels did not have to be increased further to ensure efficient xylose catabolism. 4 8 6
The phosphoketolase reaction normally enables higher efficiency of carbon metabolism since 4 8 7 bypasses the wasteful decarboxylation pyruvate to acetyl-CoA, which causes a loss of one 4 8 8 third of the carbon substrate, while phosphoketolase can produce an acetyl residue directly 4 8 9 from a C5-substrate. However, under conditions of excess of carbon and simultaneous 4 9 0 nitrogen limitation, the carbon saving phosphoketolase reaction may become unnecessary, 4 9 1 which could result in xylulose-5-P being redirected towards PPP. Such a scenario would also 4 9 2 explain the decrease in phosphoketolase levels during the lipid production phase on both 4 9 3 substrates since the NADPH-regenerating reactions of PPP occur upstream of xylulose-5-P 4 9 4 and therefore phosphoketolase is not expected to be regulated by NADPH demand. It was 4 9 5 speculated in a previous study that assimilation of xylose via phosphoketolase would enable 4 9 6 slightly higher lipid yields when grown on xylose (0.34 g/g sugar) as compared to growth on 4 9 7 glucose (0.32 g/g) (78). It should be noted that partial assimilation of xylose via PPP would 4 9 8 still be required for synthesis of essential nucleic acid precursors as well as regeneration of 4 9 9 NADPH for lipogenesis. 5 0 0 NADPH generation for lipid synthesis was assumed to occur through PPP although the 5 0 1 observed increase of the levels of transhydrogenase pathway enzymes indicates that ME Proteome analysis revealed significantly lower levels of ribosomal proteins and translation 5 4 0 associated factors in xylose-grown cells as compared to glucose-grown cells. In addition, 5 4 1 xylose-grown cells contained higher levels of enzymes involved in peroxisomal beta-5 4 2 oxidation and oxidative stress response and lower levels of enzymes involved in leucine 5 4 3 biosynthesis compared to cells cultivated on glucose. The levels of enzymes involved in 5 4 4 sugar transport and phospholipid biosynthesis differed in response to carbon source. In 5 4 5 addition, the proteomic data reported here identifies several potential target sugar transporters 5 4 6 (Rhto_01630, Rhto_03448, Rhto_07444, Rhto_06801, Rhto_06080, Rhto_01923) and 5 4 7 enzymes involved in peroxisomal beta-oxidation (Rhto_03890, Rhto_03776, Rhto_05407, 5 4 8 Rhto_07118, Rhto_00300, Rhto_06581) for genetic engineering in order to optimize xylose 5 4phases from the first and second extractions were pooled followed by evaporation of the 6 0 1 solvent under N 2 gas flow. The total amount of lipids was determined gravimetrically. Total 6 0 2 lipid content was determined at the start of fermentation instead of at early exponential phase 6 0 3 due to a lack of material. 6 0 4 Dried lipid samples were dissolved in 0.5 ml hexane and methylated with BF 3 according to 6 0 5 Appelqvist (84). Methyl esters were analysed by gas chromatography (GC) as described 6 0 6 previously (83, 85). The standard mixture 68A (Nu-Check, Elysian, MN) and retention times 6 0 7 were used to identify FA. The double binding or unsaturation index (UI) was calculated as UI 6 0 8
[%] = [%16:1 + %17:1 + %18:1 + (%18:2)·2 + (%18:3)·3]/100. 6 0 9 Lipid class composition was determined according to Olsen & Henderson (1989) (86) with 6 1 0 slight modifications. Samples were diluted to a final concentration of 1 g/l in hexane, and 5 6 1 1 µl of each sample was then applied with a CAMAG thin-layer chromatography (TLC) 6 1 2 Sampler ATS4 (Camag, Switzerland) 2 cm from the base edge of the TLC plates (pre-coated 6 1 3 with silica gel TLC plates (20 × 10 cm; Silicagel 60; 0.20 mm layer, Merck, Darmstadt, 6 1 4 Germany) in 2 mm bands with an application speed of 250 nl/s. N 2 was used as spray gas. All 6 1 5 samples were applied in duplicate, and the distance between tracks was 9.8 mm. Separation 6 1 6 of the lipid classes was executed with a CAMAG Automatic Developing Chamber 2 (ADC 2) 6 1 7 (Camag, Switzerland). Lipid classes were separated using a hexane:diethyl ether:acetic acid 6 1 8 (85:15:2; v/v/v) mobile phase. Afterwards, separation procedure plates were submerged in a 6 1 9 solution of 3 % (w/v) cupric acetate in 8 % (v/v) phosphoric acid and then charred for 20 min 6 2 0 at 140 °C. Quantitative analysis of the separated lipid classes was done by scanning the plates 6 2 1 with a CAMAG TLC Scanner 3 (Camag, Switzerland). The scanning was performed at a 6 2 2 speed of 20 mm/s and a data resolution of 100 μm/step, with a slit dimension of 6.00 × 0.45 6 2 3 mm at a wavelength of 350 nm. Lipid classes were identified by comparison to external 6 2 4 0 standards (TLC 18-4A, Nu-Chek Prep, Elysian, USA; Ergosterol, PHR1512, Sigma-Aldrich, 6 2 5 Sweden). The mode Savitsky-Golay 7 was used for data filtering. Manual baseline and peak 6 2 6 correction were used when necessary. 6 2 7 Preparation of samples for proteome analysis 6 2 8 Samples for proteome analysis were taken at early exponential phase (8 or 16 h), late 6 2 9 exponential (16 or 40 hours) and lipid production phase (64 or 96 hours), with the later 6 3 0 sampling-points referring to xylose. Cell pellets were washed and frozen. Cell pellets were 6 3 1 thawed and resuspended in 500 μl of a solution of 4 % (w/v) SDS, 10 mM DTT and 100 mM 6 3 2 Tris-HCl (pH 8). Resuspended cell pellets were then transferred to 2 ml FastPrep tubes 6 3 3 containing ca 500 μl of a 3:1 (w/w) glass bead mixture of bead sizes 106 μm (Sigma Aldrich, 6 3 4 product no. G4649) and 425-600 μm (Sigma Aldrich, product no. G8772), respectively. Cells 6 3 5 were disrupted using a FastPrep homogenizer (MP Biomedicals, CA) with three 45-s cycles 6 3 6 at full speed interspersed with 5 min cooling on ice between runs. The tubes were then 6 3 7 centrifuged for 15 min at 20,000 × g, and the supernatant was transferred to fresh tubes. An 6 3 8 upper red layer of the supernatant could be observed at this point and was carefully avoided. 
